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Altered microarchitecture of collagen type I is a hallmark of wound
healing and cancer that is commonly attributed to myofibroblasts.
However, it remains unknown which effect collagen microarchi-
tecture has on myofibroblast differentiation. Here, we combined
experimental and computational approaches to investigate the
hypothesis that the microarchitecture of fibrillar collagen net-
works mechanically regulates myofibroblast differentiation of
adipose stromal cells (ASCs) independent of bulk stiffness. Colla-
gen gels with controlled fiber thickness and pore size were micro-
fabricated by adjusting the gelation temperature while keeping
their concentration constant. Rheological characterization and sim-
ulation data indicated that networks with thicker fibers and larger
pores exhibited increased strain-stiffening relative to networks with
thinner fibers and smaller pores. Accordingly, ASCs cultured in scaf-
folds with thicker fibers were more contractile, expressed myofibro-
blast markers, and deposited more extended fibronectin fibers.
Consistent with elevated myofibroblast differentiation, ASCs in
scaffolds with thicker fibers exhibited a more proangiogenic pheno-
type that promoted endothelial sprouting in a contractility-dependent
manner. Our findings suggest that changes of collagen microarchitec-
ture regulate myofibroblast differentiation and fibrosis independent of
collagen quantity and bulk stiffness by locally modulating cellular
mechanosignaling. These findings have implications for regenerative
medicine and anticancer treatments.

collagen microarchitecture | myofibroblast differentiation | 3D fibrous
matrix mechanics | mechanosignaling | adipose-derived stem cells

Myofibroblasts are key players of both physiological and
pathological tissue remodeling. During normal wound

healing, α-smooth muscle actin (α-SMA)-positive myofibroblasts
deposit and remodel extracellular matrix (ECM) and secrete
proangiogenic factors that collectively enable the formation of
new granulation tissue (1, 2). Upon resolution of inflammation,
this myofibroblast-mediated stromal reaction typically disap-
pears. However, persistent activation of myofibroblasts leads to
pathological fibrosis and tissue stiffening, which can impair or-
gan functions (e.g., myocardial and liver fibrosis) and limit the
success of regenerative therapies (3–5). Additionally, persistent
activation of myofibroblasts aggravates tumorigenesis due to
ECM remodeling and altered paracrine functions (6, 7), and
similar mechanisms contribute to the observation that certain
preconditions (e.g., obesity) are linked epidemiologically with
increased cancer risk and worse prognosis (8–10). Therefore,
gaining an improved understanding of the molecular and bio-
physical signals that contribute to myofibroblast activation and
consequential changes in ECM remodeling and vascular re-
sponses will be critical.
Various biochemical factors such as transforming growth

factor-β1 (TGF-β1) have been identified as key mediators of
myofibroblast differentiation and fibrosis (1, 11), yet ECM-

mediated biophysical cues can be equally important (1, 12–15).
Indeed, previous reports have demonstrated that substrate
stiffnesses characteristic of tumors or fibrotic tissue can trigger
myofibroblast proliferation and differentiation independent of
biochemical cues (13–16). While these studies have yielded im-
portant insights, they were performed on two-dimensional (2D),
nonfibrous, and purely elastic polyacrylamide (PA) gels (13, 14,
16). In contrast, native ECM consists of fibrous networks that
exhibit viscoelastic rather than elastic properties and thus can
adjust their mechanical properties in response to cell-mediated
stresses (17–20). Importantly, an increasing number of studies
suggests that ECM viscoelasticity, nonlinear elasticity, and fiber
rearrangement are key regulators of cell spreading, proliferation,
and multilineage differentiation, and that the specific biophysical
properties of substrate fibers contribute to this process (21–26).
Consequently, examining myofibroblast differentiation as a
function of varying bulk elastic moduli in nonfibrous PA gels may
not fully recapitulate the signaling mechanisms, and thus fate
decisions that cells explore as they engage with native ECM.
Type I collagen is the most abundant protein in native ECM

and regulates wound healing and pathological fibrosis partly by
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determining the structural and mechanical properties of the
ECM (27–31). For example, increased collagen fiber thickness
and alignment are indicative of a tumor-promoting stroma and
correlate with increased cancer invasion and malignancy (8, 29,
32–34). Additionally, different types of scarring (hypertrophic,
normotrophic, or keloid scars) are associated with distinct col-
lagen fiber microstructure (28), and increased collagen fiber di-
ameter in the heart is linked with age-dependent changes of
cardiovascular function (31). While these pathological changes
are most commonly attributed to a collagen-dependent increase
in bulk tissue stiffness, recent studies suggest that local ECM
microarchitecture rather than bulk substrate elasticity deter-
mines cell behavior by activating a mechanical feedback loop (17,
35). Importantly, myofibroblasts are highly contractile cells,
which drive collagen network remodeling (i.e., fiber alignment
and densification) and thus contribute to the nonlinear elasticity
of the ECM. However, it remains largely unknown whether
collagen network architecture functions as an independent
mechanoregulator of myofibroblast differentiation.
Here, we investigated the hypothesis that the microarchitecture

of collagen networks controls myofibroblast differentiation by
regulating cellular mechanosignaling independent of bulk stiff-
ness. Three-dimensional (3D) collagen networks with two distinct
microarchitectures, but constant concentration, were fabricated by
adjusting the hydrogel casting temperature. Adipose stromal cells
(ASCs) were used as representative cell type given their key role in
breast cancer and obesity-associated fibrosis (8, 36, 37). Experi-
mental and computational approaches were explored to char-
acterize the mechanical properties of the different hydrogels
and resulting cellular responses. These studies reveal mecha-
nistic insights into the role of collagen network micro-
architecture in fibrosis with implications for cancer, stem cell,
and tissue engineering research.

Results
Fabrication of Collagen Scaffolds with Defined Microarchitecture. As
the lateral growth of collagen fibrils is temperature dependent,
adjusting the gelation temperature allows controlling collagen
fiber diameter independent of chemical parameters such as

adhesion ligand density (23, 38–40). Here, we adapted this
strategy for use in microfabricated polydimethylsiloxane
(PDMS) microwells to permit 3D culture studies without limi-
tations in oxygen and nutrient supply that can be analyzed with
advanced imaging approaches (41). PDMS microwells (50 μm in
depth) were fabricated as previously described and equilibrated
at 37 °C or 4 °C. Subsequently, neutralized collagen solutions
were quickly gelled in prewarmed microwells at 37 °C (referred
to as “warm-cast”) or slowly gelled in precooled microwells by
gradually increasing the temperature from 4 °C to 37 °C (re-
ferred to as “cold-cast”) (Fig. 1A). Visualization of collagen
microarchitecture using confocal reflectance microscopy (CRM)
confirmed that warm-cast collagen gels consisted of networks
with thin fibers and seemingly low porosity, whereas cold-cast
scaffolds were composed of thicker collagen fibers with larger
pores (Fig. 1B). For a more detailed structural analysis, scanning
electron microscopy (SEM) was performed (Fig. 1B). SEM im-
age analysis of network pore and fibril diameter using an erosion
algorithm and an autocorrelation method, respectively (42),
confirmed that cold-cast collagen scaffolds were composed of
thicker fibers and larger pores compared to warm-cast scaffolds
(Fig. 1 C, i and ii), consistent with previous reports and the CRM
image analysis (38). Nevertheless, SEM sample preparation may
lead to drying artifacts, and thus the values presented in Fig. 1 C,
i and ii, should be interpreted as relative rather than absolute
differences. Furthermore, CRM image analysis verified that the
porous structure of the collagen scaffolds is homogeneous in
each condition, but varies between conditions (Fig. 1 C, iii), and
that the different gelation protocols did not affect fiber linearity
(Fig. 1 C, iv). Finally, gelation of collagen gels with ASCs yielded
similar differences in fiber and pore diameter, suggesting that
this protocol can be applied to study the effect of the different
network properties in the presence and absence of cells (SI
Appendix, Fig. S1 A and B).

Experimental and Theoretical Analysis of Collagen Network Mechanical
Properties. Next, we determined how the different fabrication
techniques affected the mechanical properties of the collagen gels.
Consistent with previous analyses of fibrotic tissues, we first analyzed

Fig. 1. Fabrication and characterization of collagen scaffolds with defined microarchitecture. (A) Schematic depicting the preparation of collagen hydrogels
with controlled microarchitecture. (B) Confocal reflectance microscopy (CRM) and scanning electron microscopy (SEM) images of warm- and cold-cast collagen
scaffolds (3D CRM, z stacks; 2D CRM, representative slice z stacks). (Scale bars: 50 μm for CRM and 1 μm for SEM.) (C) SEM image analysis of fiber and pore
diameter (i and ii) as well as fiber linearity (iv). CRM image analysis showing the cross-sectional distribution of collagen fibers in a randomly selected location
(iii). *P < 0.05 between conditions.
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the elastic moduli of the differently structured gels using com-
pression tests (36, 43). Neither dynamic mechanical thermal
analysis (DMTA) nor atomic force microscopy (AFM)-based
static indentation revealed differences in Young’s modulus be-
tween cold- and warm-cast gels regardless of the presence of cells
(SI Appendix, Fig. S2). However, both analyses assume elastic
deformation, and static compression tests may primarily detect
poroelastic effects (i.e., water migration out of the gels) (SI Ap-
pendix, Fig. S2 A and B), whereas cells frequently deform their
ECM by applying tension and releasing stress by reorganizing their
surrounding ECM (17, 22). Therefore, we next examined whether
the fabrication-dependent changes in network structure modulate
the rheological properties of collagen gels using both theoretical
and experimental approaches.
When collagen gels are subjected to shear stress, a fraction of

initially randomly oriented fibers starts to align along the di-
rection of the principal stretch (tensile) resulting in a significant
increase in stiffness and a nonlinear stress–strain relationship
referred to as strain-stiffening (Fig. 2A) (17, 19, 44). To de-
termine whether the different fabrication conditions affected the
stress–strain relationship of collagen in our experimental setup,
rheology testing was performed to probe the network shear
moduli at different strain levels. Indeed, these experiments
confirmed that both warm- and cold-cast gels stiffened when
subjected to increased levels of strain. Interestingly, however,
strain levels (∼10%) comparable to cell-mediated remodeling
yielded higher shear moduli in cold-cast relative to warm-cast
scaffolds (Fig. 2B). These results suggest that cold-cast colla-
gen gels exhibit higher shear moduli in physiologically relevant
regimes relative to their warm-cast counterparts (Fig. 2B). To
explore in more detail which specific structural properties of the
two collagen constructs contributed to the observed differences,
we used a theoretical model that captures the mechanical be-
havior of fibrous networks under loading (45). First, we con-
firmed that the model can fit the stress–strain relationship
(R2 > 0.99) similar to what we observed experimentally, validat-
ing its overall relevance to the specific context of this study
(Fig. 2B). By fitting the experimental data, we found that the
cold-cast scaffolds have higher shear moduli (at 1% shear strain)
than their warm-cast counterparts (Fig. 2C). Additionally, our
model has identified that the differently prepared networks
started to stiffen at a similar critical strain (λc ∼ 1.02), which is
consistent with our rheology measurements where the slope of
the stress–strain curves started to increase around 4% shear
strain (corresponding with 2% tensile strain in the network)
(Fig. 2B). This effect was more pronounced in cold-cast scaffolds
(Ef = 1,009.3  ±  501.4  Pa) as compared to warm-cast scaffolds

(Ef = 744.2  ±  111.22  Pa) according to our computational
analysis of fiber modulus Ef (Table 1). This difference can in part
be explained by the increased fiber thickness of cold-cast scaf-
folds (Fig. 1C) as the thickness of individual fibers directly cor-
relates with their respective stiffness (23). In addition, the
relatively larger pore size of cold-cast scaffolds increases the
distance between each collagen cross-link, which promotes fiber
buckling under shear loading. As buckled fibers provide less
resistance to the realignment of stretched fibers, the cold-cast
scaffolds can strain-stiffen more significantly compared to their
warm-cast counterparts. DMTA and AFM-based static compres-
sion may not necessarily detect this difference because collagen fi-
ber networks exhibit distinct mechanical behavior and reorganization
(i.e., fiber bending vs. fiber buckling and alignment) when compressed
vs. stretched and sheared (44). Collectively, these experimental and
computational results suggest that increased collagen fiber thickness
and network porosity facilitate fiber alignment and network stiffening
in response to increased strain.

Effect of Collagen Microstructure on ASC Contractility and
Mechanosignaling. Given that matrix mechanical properties
can influence cellular mechanosignaling (17, 25), we next in-
vestigated whether the detected architecture-dependent changes
of collagen network mechanics can stimulate integrin-dependent
cell contractility. Such changes in cell contractility could activate a
positive-feedback loop that further increases local collagen stiff-
ness due to external tension on matrix fibers (SI Appendix, Fig.
S3). We first utilized a mathematical model of cells embedded in a
3D matrix representing the cold-cast or warm-cast collagen net-
works (Fig. 3A and Table 2). In this model, we assume that a cell is
of ellipsoidal shape and symmetric with respect to its long axis
(Fig. 3 A, i). The cell is modeled as an active material (see Ma-
terials and Methods for details) that consists of a passive elastic
component (representing the elasticity of the cytoskeleton) and an
active component (representing the contractile forces generated
by myosin motors). Also, the magnitude of ASC contractile forces
was measured to be in the range of ∼200 Pa on 2D substrates (46),
which is similar to the contractility we assume in this in silico
model. As we increase the aspect ratio of the cell while keeping
the volume fixed, both the cell volumetric stress (σkk) and the
deviatoric stress along the cell long axis (~σ33) increase. In response
to the elevated stress, the cell recruits additional phosphorylated
myosin motors through force-activated signaling pathways (e.g.,
Rho-ROCK, Ca2+) and polarizes to form aligned contractile actin
filaments, as indicated by the high levels of the mean contractility
(ρkk) and its polarization along the long axis (~ρ33). With increased
myosin recruitment and polarization, the cell active energy Ucell

Fig. 2. Theoretical and experimental analysis of collagen mechanical properties. (A) Schematic illustrating the effect of shear stress on fiber alignment during
rheology testing. A fraction of fibers aligns (red) with the first principal stretch direction leading to stiffening under loading. The fibers that do not align
(black) remain randomly oriented and isotropic. (B) Representative stress–strain curves of cell-free cold- and warm-cast scaffolds as obtained by experimental
analysis or computational simulation. (C) Average of shear moduli of cold- and warm-cast scaffolds obtained via rheological measurements and computa-
tional modeling. *P < 0.05 between conditions.
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becomes more negative as the cell elongates (Fig. 3B). In the
matrix, the elongated cell most significantly deformed the matrix
proximal to the cell tips due to its polarized contractility (Fig. 3 A,
ii). As highly elongated cells are shown to significantly deform the
matrix, there is an associated increase in the strain energy, Umatrix.
This acts as an energetic penalty that prevents the cell from taking
on extremely large aspect ratios (Fig. 3 B, i). Finally, the increase
in interfacial energy, Uinterface, shown in Fig. 3B is attributed to the
increase of cell surface area, which scales both the integrin-
collagen binding energy and the membrane tension (Eq. 15).
The surface area is lowest when the cell assumes a spherical shape
(given a fixed volume). As a result, the overall interfacial energy
increases with increasing cell aspect ratio as shown in Fig. 3 B, ii,
acting as a further penalty to cell elongation. Thus, the cell active
energy decreases with increasing cell aspect ratio, while both the
matrix energy and the cell–matrix interfacial energy increase. This
competition leads to a nonmonotonic profile of the overall cell
free energy with respect to its shape. Increasing the cell aspect
ratio initially leads to a lowering of the free energy, and a mini-
mum free energy configuration corresponds to the optimum cell
aspect ratio.
As the stiffer cold-cast matrix has a higher resistance against

the contraction, the cells experience larger tensile stresses, which
activate the mechanosensitive pathways (e.g., Rho-ROCK,
Ca2+) (SI Appendix, Fig. S3). This leads to higher levels of my-
osin phosphorylation and increased cell contractile stress (cal-
culated as ρkk=ρ0) (Fig. 3 A, ii). Furthermore, the increase in the
volumetric and deviatoric part of the contractility tensor ρkk and
~ρ33 (associated with increasing cell aspect ratio) is more pro-
nounced on stiffer matrices. As illustrated in Fig. 3C, the cell
active energy becomes more negative with increasing myosin
recruitment and polarization (via Eq. 14). Thus, in the stiffer
cold-cast matrices, the contribution of the cell active energy to
the decision of cell shape becomes more significant, pushing the
cell to adopt an elongated and more spread shape (Fig. 3D). To
dissect the individual and combined effects of matrix strain-
stiffening and contractility feedback on cell polarization in
more detail, we predicted cell polarization (cell aspect ratio) in
the presence and absence of either or both. Not surprisingly, cell
polarization was highest when both the contractility feedback
and the matrix strain-stiffening were present. When we removed
matrix strain-stiffening, cell polarization decreased but was still
substantial. In contrast, when we removed the contractility
feedback, cell polarization became negligible (SI Appendix, Fig.
S4), suggesting that the contractility feedback is indispensable
for cell polarization, while the strain-stiffening of the matrix
magnifies this effect.
We validated the computational simulations with experiments

by culturing ASCs in the different collagen systems and analyzing
their contractility and cell shape. Confocal image analysis of
nuclei- and actin-labeled cells verified that ASC stress fibers are

more pronounced in cold-cast relative to warm-cast hydrogels
(Fig. 4 A, i). Furthermore, ASCs assumed more spread and
elongated cell morphologies (Fig. 4 A, ii and iii) when cultured in
cold- vs. warm-cast collagen, a finding that correlated with a
trend toward increased levels of phosphorylated myosin light
chain (p-MLC) per cell, an indicator of increased cell contrac-
tility (Fig. 4B). Importantly, cell contractility in cold-cast colla-
gen gels resulted in collagen fiber densification and alignment in
the direction of cell polarization and migration consistent with
our predictions (Fig. 4C). Collectively, these data suggest that
cold-cast collagen matrices with thicker fibers and larger pores
exhibit increased stiffness in a physiologically relevant regime of
strain. This in turn promotes cell contractility, local matrix
remodeling, and consequential changes in mechanosignaling.

Effect of Collagen Microstructure on ASC Differentiation into
Myofibroblasts. Enhanced actomyosin-mediated cell contractility
is a key indicator of stromal cell mechanoactivation that can lead
to increased ASC growth and differentiation into myofibroblasts
(8). Because of these connections, we tested whether changes in
collagen network architecture promote ASC growth and myofi-
broblast differentiation. Indeed, ASCs cultured in cold-cast
collagen grew more and exhibited increased levels of the myo-
fibroblast marker α-SMA compared to the same cells cultured in
warm-cast scaffolds (Fig. 5 A and B). The pericyte marker des-
min was not affected in these settings (SI Appendix, Fig. S5),
suggesting that increased collagen strain-stiffening due to
fabrication-dependent changes of collagen structure promoted
ASCs differentiation toward a myofibroblastic rather than
pericytic phenotype.
ECM remodeling is a hallmark of myofibroblasts that con-

tributes to both physiologic and pathologic tissue remodeling and
involves de novo deposition of the mechanosensitive ECM
component fibronectin (Fn) (1, 49). More specifically, ASCs
differentiated into myofibroblasts not only deposit more Fn but
also change the conformation of the resulting Fn networks by
partially unfolding individual fibers (50, 51). Furthermore, cells
cultured on stiff PA gels deposit more extended Fn fibers relative
to their counterparts cultured on soft gels (52). Given these
reported links between Fn conformational changes, substrate
mechanics, and cell contraction, we tested the hypothesis that
cold-cast collagen hydrogels, which have increased strain-
stiffening behavior relative to similarly concentrated warm-cast
collagen networks lead to de novo deposition of more extended
Fn fibers. To test this hypothesis, we utilized a previously de-
scribed Förster resonance energy transfer (FRET) imaging
technique to probe whether collagen network architecture
modulates the conformation of newly deposited Fn (49–51).
FRET-labeled, soluble Fn was supplemented to ASC cultures in
cold- or warm-cast collagen gels to allow for its incorporation
into newly deposited ECM. During the first 24 h of culture,
collagen architecture did not affect the conformation of de novo
deposited Fn as indicated by similar FRET intensities in warm-
and cold-cast collagen gels (Fig. 5C). However, a significant
decrease in FRET intensity after 48 h of culture suggested that
ASCs in cold-cast gels deposit more extended Fn fibers relative
to ASCs cultured in warm-cast scaffolds. Interestingly, this dif-
ference in cold-cast cultures was further enhanced after 72 h,
whereas Fn matrices in warm-cast collagen cultures were char-
acterized by increased FRET intensity indicative of a more
folded Fn fiber state (Fig. 5C). These changes in Fn conforma-
tion were ASC dependent as incubation of cell-free collagen
scaffolds with FRET-labeled Fn for similar periods of time did
not yield a detectable FRET signal (SI Appendix, Fig. S6). Sim-
ilarly, the architecture of the scaffolds did not change over time
in the absence of cells (SI Appendix, Fig. S7), while ASCs
remodeled their surrounding matrix in both cold- and warm-cast
gels (SI Appendix, Fig. S1). Importantly, ASCs in cold-cast, but

Table 1. The computed mechanical properties by fitting the
stress and strain data obtained in rheological experiments

Sample no. μm, Pa Ef, Pa λc

Cold-cast 1 1,365.7 1,008.5 1.032
2 1,505.8 1,513.5 1.001
3 2,623.5 325.5 1.029
4 2,956.8 1,189.6 1.033

Average 2,112.9 1,009.3 1.023
Warm-cast 1 256.3 625.4 1.017

2 270.2 769.7 1.036
3 166.6 885.8 1.017
4 567.4 695.9 1.019

Average 315.2 744.2 1.022
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not warm-cast gels decreased the pore diameter of the networks
while increasing fiber linearity, and both changes are associated
with increased cell contractility and synergistic to ECM stiffness
(SI Appendix, Fig. S1 and Fig. 5 B and C) (17, 20, 45).
Another hallmark of myofibroblasts is their pronounced

proangiogenic potential (2). Thus, we determined whether the
detected collagen architecture-dependent changes in ASC myo-
fibroblast differentiation coincide with increased secretion of two
widely investigated proangiogenic factors, vascular endothelial
growth factor (VEGF) and interleukin-8 (IL-8). Indeed, ASCs
cultured in cold-cast scaffolds secreted greater amounts of
VEGF and IL-8 than those cultured in warm-cast scaffolds
(Fig. 5D). Collectively, these results indicate that collagen ma-
trices with thicker fibers and increased pore size stimulate ASC
differentiation into myofibroblasts and corresponding changes in
ECM remodeling and proangiogenic factor secretion. It would

be interesting to test in the future whether the positive-feedback
loop between cell contractility and ECM remodeling/stiffening
regulates ASC differentiation in a nonlinear manner over time
and which timescales (hours [necessary for cell contractility
buildup] (53) vs. days [necessary for ECM remodeling; Fig. 5C])
are most relevant to potentially interfere with this process
therapeutically.

Collagen Microstructure Regulates ASC Myofibroblast Differentiation
by Varying Cell Contractility. Next, it was our goal to confirm that
the above-described phenotypic changes of ASCs are directly
related to the increased strain-stiffening of cold-cast scaffolds
and consequential changes in cell contractility. ASCs were cul-
tured in cold- vs. warm-cast scaffolds with or without pharma-
cological inhibition of Rho-associated protein kinase (ROCK), a
key regulator of mechanosignaling that controls actin filament

Fig. 3. Computational simulation of ASC behavior in response to altered collagen microarchitecture. (A, i) Mathematical model of cells in 3D matrix depicts
the contractility and axis-symmetric shape of cells with respect to the long axis. Cells can exert contractile forces on the surrounding matrix, and the mag-
nitude of such forces is dependent on the stress applied to the cell. (ii) Cell contractility is proportional to the phosphorylated myosin motor density in cold-
cast and warm-cast collagen matrices predicted by the finite element model. (B, i) The minimum of Utotal (total free energy of the system), which consists of
Ucell (cell active energy), Umatrix (strain energy of matrix), and Uinterface (cell–matrix interface energy) indicates the preferred cell aspect ratio. The energy level
plotted on the left y axis (red) is for Utotal, Ucell, and Umatrix, and the one on the right y axis (blue) is the energy value of Uinterface. (ii) The schematic summarizes
the relationship between U total and cell aspect ratio. (C) In the cold-cast matrix, due to the increased stiffness, elongation is associated with a larger increase
in the cell volumetric stress and actomyosin assembly. The reduction in the cell active energy favors elongation in the cold-cast matrices compared to the
warm-cast matrices. (D) Prediction of cell (i) surface area, (ii) cell length, and (iii) cell aspect ratio in cold- and warm-cast collagen by the finite-element model.
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organization and contractility in part through phosphorylating
MLC (54, 55). ROCK inhibition with Y27632 reduced α-SMA
levels in both warm- and cold-cast collagen gels, but this trend
was more pronounced in cold-cast collagen (Fig. 6A). Consistent
with decreased myofibroblast differentiation, ROCK inhibition
also reduced VEGF and IL-8 secretion by ASCs cultured in cold-
cast collagen, but had no significant effect on VEGF and IL-8
secretion of ASCs cultured in warm-cast collagen (Fig. 6B). We

also confirmed that the different angiogenic factor secretion was
not primarily due to varied Fn deposition because Fn-deficient
mouse embryonic fibroblasts (MEFs) secreted more VEGF in
cold- vs. warm-cast collagen scaffolds (SI Appendix, Fig. S8). As
inhibition of ROCK can affect cell behavior by mechanisms
other than altered myosin phosphorylation (56), we also per-
formed inhibition studies with blebbistatin, which blocks myosin
II more directly. Similar to Y27632, blebbistatin treatment perturbed
ASC morphology, actin stress fiber formation, and assembly of
α-SMA fibers in cold-cast collagen (albeit levels of α-SMA protein
were not significantly reduced) (SI Appendix, Fig. S9), confirming our
conclusions. Last, we tested whether nuclear localization of the
mechanosensitive transcription factor YAP (Yes-associated
protein), which has been associated with myofibroblast differentiation
(15, 57), was differentially affected by collagen microarchitecture. In
contrast to 2D experiments where increased substrate stiffness
increases YAP nuclear localization, ASCs exhibited reduced YAP
nuclear localization in the stiffer cold- vs. softer warm-cast gels (SI
Appendix, Fig. S10). Collectively, these data indicate that increased
cell contractility is stimulating ASC myofibroblast differentiation
and proangiogenic capability in cold-cast hydrogels relative to their
warm-cast counterparts, but that YAP nuclear translocation is less
critical for this process than in 2D culture.

ASCs Regulate Endothelial Sprouting as a Function of Collagen
Microstructure. Given the reported links between myofibroblasts
and increased vascularization (2, 11, 58), and our observation

Table 2. Parameters used in the simulation

Parameters Physical meaning Values Origin

ρ0 Cell motor density
(quiescent state)

0.1 kPa Ref. 47

K Cell bulk modulus 1,667 Pa Ref. 47
μ Cell shear modulus 1,250 Pa Ref. 47
β Cell chemical stiffness 2.77 kPa−1 Ref. 47
αd Cell deviatoric feedback

parameter
2.60 kPa−1 Ref. 47

αv Cell volumetric feedback
parameter

2.60 kPa−1 Ref. 47

n Fiber transition parameter 5 Ref. 45
m Fiber stiffening parameter 10 Ref. 45
γ Cell matrix adhesion energy 0.13 mJ/m2 Ref. 48
V Cell volume before

contraction
31,400 μm3 Fit to

experiment

Fig. 4. Collagen microarchitecture regulates ASC morphology and contractility. (A) Confocal micrographs of cells stained for F-actin (red) and nuclei (blue)
and corresponding image analysis of cell surface area (ii) and length (iii). (B) Confocal image analysis of p-MLC levels per cell in each condition. p-MLC (green),
F-actin (red), and nuclei (blue). (Scale bars: 50 μm.) (C) Confocal IF (i) and CRM (ii) images of collagen fiber densification and alignment relative to cell
spreading in cold-cast scaffolds. Collagen (white), α-SMA (red), F-actin (yellow), and nuclei (blue). (iii) Pseudocolored map of collagen fiber direction and
alignment as determined by image analysis of CRMmicrographs. Radial (green) and circumferential (red). (Scale bars: 100 μm for the Top image and 50 μm for
the Bottom images.) *P < 0.05.
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that collagen microarchitecture modulates ASC proangiogenic
factor secretion, we next tested whether cold-cast collagen gels
stimulate endothelial cell invasion by modulating the proangio-
genic capability of ASCs. For these experiments, we utilized a
previously described microfabricated endothelial cell invasion
assay (59, 60). Cold- and warm-cast scaffolds were precondi-
tioned in PDMS microwells with or without ASCs for 6 d after a
monolayer of human umbilical vein endothelial cells (HUVECs)
was seeded on top of the hydrogels and allowed to invade over
4 d (Fig. 7 A, i). Immunofluorescence and confocal imaging of

CD31+ endothelial sprouts allowed visualizing and quantifying
the sprouting behavior of HUVECs (green) as a function of the
hydrogel bulk (Fig. 7 A, ii). In the absence of ASCs, cold-cast
collagen scaffolds promoted HUVEC sprouting relative to their
warm-cast counterparts, but the presence of ASCs significantly
increased this difference (Fig. 7B). These results suggest that
collagen network architecture can directly affect HUVEC
sprouting, but that ASCs potentiate these effects. To test
whether the observed differences in HUVEC invasion were
mediated by different proangiogenic factor secretion of ASCs

Fig. 5. Collagen microarchitecture controls ASC myofibroblast differentiation. (A) Total number of ASCs in each construct as determined by image analysis.
(B) (i) Confocal micrographs of ASCs stained for α-SMA (green), F-actin (red), and nuclei (blue) and (ii) corresponding quantification of α-SMA levels in warm-
and cold-cast collagen. (C) Analysis of fibronectin (Fn) deposition and conformation by FRET: (i) black-and-white images indicate total amounts of Fn, while
color-coded FRET images indicate Fn conformational changes after 24, 48, and 72 h. (ii) Box-and-whisker plots showing the average FRET intensity obtained
from multiple positions per sample. (Scale bar: 50 μm.) Cooler (blue) colors represent unfolded Fn, corresponding to lower FRET intensity (acceptor/donor),
while warmer (red) colors indicate folded Fn with a higher FRET intensity. (D) VEGF and IL-8 secretion as determined by ELISA and normalized to DNA content.
*P < 0.05.
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between cold- vs. warm-cast scaffolds, we repeated these exper-
iments in the presence and absence of function-blocking VEGF
and IL-8 antibodies. Indeed, blockade of VEGF and IL-8 re-
duced HUVEC sprouting in cold-cast ASC cocultures to a level
that was similar to warm-cast ASC cocultures. In contrast, no
significant effect on sprouting was observed when VEGF and IL-
8 were inhibited in ASC cocultures in warm-cast collagen
(Fig. 7C). Importantly, inhibition of ASC contractility with
Y27632 similarly suppressed HUVEC sprout formation in cold-
cast ASC cocultures but had little effect in warm-cast ASC co-
cultures (Fig. 7D). Collectively, these data suggest that increased
collagen fiber thickness and network porosity may promote an-
giogenic processes by stimulating ASC differentiation into
proangiogenic myofibroblasts, and that changes in ASC mecha-
nosignaling due to altered strain-stiffening may play a role in
this process.

Discussion
While it is well established that myofibroblast differentiation
impacts collagen microarchitecture, it is not clear which effect
collagen microarchitecture has on myofibroblast differentiation.
The experimental and theoretical results from our study suggest
that cold-cast collagen networks with increased fiber thickness
and pore size exhibit higher stiffness and more pronounced
strain-stiffening relative to similarly concentrated warm-cast
collagen gels composed of thinner fibers and smaller pores.
Responding to the change in the network mechanics, ASCs
embedded within cold-cast collagen developed a more contrac-
tile phenotype that mechanically triggered myofibroblast differ-
entiation. Collagen microarchitecture-induced myofibroblast
differentiation of ASCs altered ECM remodeling, and their
contractility-dependent secretion of the proangiogenic factors
VEGF and IL-8, in turn, promoted endothelial sprouting.
As the kinetics of collagen fibrillogenesis determine the

microarchitecture of collagen (61–63), the latter can be adjusted
by changing the pH, ionic strength, temperature, and macro-
molecular crowding (34, 38, 40). For the microscale culture ex-
periments described herein, we varied fiber size by controlling
the gelation temperature. Quick gelation at 37 °C yielded

networks with thin fibers and small pores, while slow fibrillo-
genesis by gradually raising the gelation temperature from 4 to
37 °C generated networks consisting of larger fibers with in-
creased pore sizes (Fig. 1). These microarchitectural changes
influenced the mechanical behavior of each network. Experi-
mental and computational analysis indicated that both collagen
gels exhibited strain-stiffening regardless of fabrication tempera-
ture, but that cold-cast gels were stiffer compared to warm-cast
scaffolds in response to shear loading (Figs. 2 and 3). The shear-
mediated alignment of thicker collagen fibers in the direction of
strain may influence the enhanced strain-stiffening of the cold-
cast gels. In addition, this difference may be attributable to the
fact that thicker fibers are stiffer than their thinner counterparts
(35), but altered interfibrillar interactions may also contribute
(64, 65).
Although increased cell contractility and mechanotransduction

have previously been shown to induce myofibroblast differentia-
tion as a function of bulk ECM concentration or elasticity (12–14),
our results now suggest that changes in collagen network micro-
structure can induce similar effects. In our system, ASC-mediated
contraction led to local collagen fiber alignment and compaction
(as determined via increased fiber linearity and reduced pore size
in the presence of ASCs) (Fig. 4C and SI Appendix, Fig. S1B),
which collectively stiffened the matrix in these regions. This ASC
contraction-mediated stiffening of local matrix, in turn, stimulated
a contractile cell phenotype via a positive-feedback loop. The
reciprocal between cellular contractility and matrix stiffness is
essential to the polarization and elongation of the ASCs, and the
stiffening of the matrix under contraction further magnifies the
effect (SI Appendix, Fig. S4). Indeed, both our computational and
experimental analysis verified that ASCs in cold-cast scaffolds
were more contractile as indicated by increased cell spreading,
p-MLC levels, and the inhibition of these effects by both Y27632
and blebbistatin, ultimately achieving an energetically favorable
state of the system (Figs. 3, 4, and 6 and SI Appendix, Fig. S9). Our
data also suggest that the interplay between cell active energy,
matrix strain energy, and cell–matrix interface energy is key to
mediating cell morphological changes. Increased cytoskeletal
tension and contractility-mediated RhoA/ROCK can drive

Fig. 6. Collagen microarchitecture regulates ASC myofibroblast differentiation and proangiogenic factor secretion by altering cell contractility. (A) Effect of
Y27632 on collagen microarchitecture-dependent changes of α-SMA as determined by confocal image analysis. (B) Effect of Y27632 on collagen
microarchitecture-dependent changes of VEGF and IL-8 secretion as determined by ELISA and normalized to DNA content. *P < 0.05.
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myofibroblast differentiation (15), and the accompanying changes
in matrix biophysical properties can further promote the pheno-
typic changes of ASCs (24). Our surprising result that YAP nu-
clear localization was not increased by cold-cast gels may be due to
various reasons. For example, recent data suggest that mechano-
transduction in 3D environments can occur independently of YAP
(66). Moreover, YAP nuclear localization and activity is impacted
by many other parameters not only substrate mechanics including
actin integrity rather than Rho/ROCK mediated-myosin II con-
tractility and changes in cell density (67, 68). Finally, it is possible
that the kinetics of nuclear localization vary in warm- and cold-cast
gels and that other mechanosensitive transcription factors such as
myocardin-related transcription factor-A (MRTF-A) and its co-
factor, serum response factor (SRF), for myofibroblast differen-
tiation are similarly affected (13, 14, 69). Whether or not these
signaling mechanisms contributed to collagen microarchitecture-
dependent differentiation of ASC into myofibroblast will need to
be tested in the future.
We have previously shown that collagen biophysical properties

can directly affect vasculogenesis in an IL-8– and VEGF-dependent
manner (70), but the results presented here suggest that indirect
effects mediated by collagen structure-dependent changes of stro-
mal cells have a more pronounced effect (Fig. 7). Several factors

may have contributed to these findings. First, increased matrix
stiffness can activate nuclear factor κB (NF-κB) (71), which stim-
ulates transcription of IL-8 (71, 72), and IL-8 can stimulate VEGF
bioactivity (73). Additionally, the detected Fn conformational
changes could have contributed to increased VEGF secretion (51)
and/or retention of matrix-binding proangiogenic factors (74).
However, culturing Fn-deficient MEFs in cold- vs. warm-cast col-
lagen still resulted in enhanced VEGF secretion (SI Appendix, Fig.
S8). Furthermore, analysis of matrix-bound VEGF showed no dif-
ferences between both conditions (SI Appendix, Fig. S11). There-
fore, we concluded that altered Fn deposition may have been a
modulating, but not the primary driver of the observed changes.
Nevertheless, other ASC-dependent changes of ECM remodel-

ing could also play a role. For example, ASCs promote endothelial
cell invasion of collagen by forming physical guidance channels via
metalloproteinase (MMP)-dependent proteolytic degradation of
the surrounding ECM (59). Interestingly, MMP bioactivity of stro-
mal cells is both stiffness dependent (75) and contributes to in-
creased pericellular stiffness (76). Furthermore, MMPs mediate the
release of proangiogenic factors sequestered within the ECM
(77). Therefore, it is possible that altered collagen micro-
architecture promoted the proangiogenic capability of ASCs
not only by increasing their secretion of VEGF and IL-8, but

Fig. 7. Collagen microarchitecture controls endothelial sprouting by modulating ASC proangiogenic capability. (A, i) Schematic visualizing the experimental
procedure to study human umbilical vein endothelial cell (HUVEC) invasion as a function of collagen-dependent changes of ASCs and (ii) representative 3D
cross-sectional view of CD31-labeled HUVEC sprouting. (B, i) Representative confocal micrographs of CD31-labeled HUVEC monolayer (top layer) and HUVEC
sprouts (bulk) for the different collagen conditions. (ii) HUVEC sprouts longer than 15 μm were quantified based on reconstructed IF z stacks. (Scale bar: 50
μm.) (C, i and ii) Representative confocal micrographs and quantification of HUVEC sprouts formed in warm- and cold-cast collagen with and without VEGF
and/or IL-8 neutralizing antibodies. (Scale bars: 50 μm.) (D) Quantification of HUVEC sprouts in warm- and cold-cast collagen with and without Y27632
treatment. Data are represented as the number of sprouts per field of view (FOV) and its corresponding Z stack. The asterisk (*) and ○ indicate P < 0.05
between two and all other conditions, respectively.
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varied MMP activity could have contributed as well. It should
also be considered that microarchitecture-dependent differences
in cell-mediated collagen fiber alignment and densification
will change the concentration of locally available adhesion
sites over time, which can independently affect cell behavior.
Last but not least, collagen strain-stiffening in the context of
pathological fibrosis is affected by many additional parameters
including collagen concentration (17, 23). As such, future
studies will be necessary to dissect how changes in collagen
network microarchitecture modulate the synergistic interplay
between ECM mechanical and chemical cues.
Collectively, our findings indicate that changes of collagen

network microarchitecture mechanically modulate the reciprocal
interactions between cells and their surrounding ECM in-
dependent of bulk tissue stiffness with functional consequences
on both physiological and pathological tissue remodeling. For
example, the abnormal collagen microarchitecture associated
with aberrant scarring may not only be a consequence of dys-
functional wound healing but may in fact further stimulate
scarring by promoting a myofibroblast differentiation (28).
Moreover, increased breast tissue density is well known to be
positively correlated with breast cancer risk and aggression
(78). However, in older women the risk to develop breast
cancer is significantly increased despite the fact that they tend
to have less dense and more compliant breast tissue (79). Our
data may help to explain this apparent contradiction: Breast
tissue of older women often contains disorganized collagen fi-
bers, which cannot be detected via routine bulk tissue mea-
surements performed in the clinic (80). However, these
microstructural changes modulate the physicochemical prop-
erties of the local matrix with functional consequences on
mechanosignaling that may ultimately increase breast cancer
risk and aggression. Future studies testing the role of collagen
microarchitecture under conditions of increased ECM com-
plexity (e.g., in the presence of other ECM components known
to be involved in cancer such as laminin and hyaluronan) will be
needed to more comprehensively evaluate these connections.
Furthermore, in vivo studies will be necessary to determine the
functional relevance of our data and potential implications for
therapeutic approaches. In summary, our data expand knowl-
edge of how biophysical and biochemical factors interface
during health and disease and inform the design of collagen-
based or collagen-mimetic systems for basic research, drug
evaluation, and tissue engineering application.

Materials and Methods
Cell Culture. Human adipose-derived stem cells (ASCs) and HUVECs (both
from Lonza) were cultured in ADSC-GM supplemented by growth factors
(Lonza) and HUVEC-GM containing Bio-Whittaker medium 199 (M199;
Lonza) with Endothelial Cell Growth Supplement (Millipore), 2 mM Gluta-
max, 5 U/mL heparin, 20% FBS (Tissue Culture Biologicals), and 1% penicillin/
streptomycin (Gibco), respectively. Fn-null MEFs were generously provided
by the Hocking Lab (University of Rochester, Rochester, NY) and cultured on
50 μg/mL collagen I (Gibco)-coated culture plates in Fn- and serum-free
media using a 1:1 mixture of Cellgro (Mediatech) and Aim V (Invitrogen).

Preparation of Microfabricated Collagen Scaffolds with Varying Microstructure.
Three-dimensional microwells were fabricated using PDMS Sylgard 184 sili-
cone elastomer kit (Dow Corning) on a lithographically patterned silicon
master containing circular patterns of 4 mm in diameter and 200 μm in
height (59, 60). The surface of the microwells was treated with air plasma
(Harrick Plasma), followed by 1% (vol/vol) poly-ethylenimine (Sigma-Aldrich),
0.1% (vol/vol) glutaraldehyde (Fisher Scientific), and then extensive washes to
remove unreacted glutaraldehyde and covalently couple collagen to the
microwell. Collagen was obtained by acid extraction of rat-tail tendon (Pel-Freez
Biologicals) and reconstituted in 0.1% (vol/vol) acetic acid to a final concentration
of 15mg/mL (59, 60). The reconstituted collagen was neutralized with NaOH and
mixed with ASCs to a final density of 2 million cells per mL in 0.6% collagen. Half
of the suspension was placed into the prechilled microwells and slowly gelled by
gradually changing temperature from 4 °C (10 min) to 20 °C (10 min) to 37 °C

(10 min) to create thicker collagen fibrils, while the other half was solidified in
prewarmed microwells at 37 °C (30 min). Following gelation, ASCs in the colla-
gen scaffolds were cultured in growth media for up to 6 d.

Computational Analysis of Matrix and Cell Characteristics.
Fibrous constitutive model for the ECM.When the matrix is deformed, a fraction
of the initially randomly oriented fibers aligns along the directions in which
the principal stretches are tensile. This leads to an increase in matrix stiffness
anisotropically along those directions. Other fibers remain unaligned and
exhibit isotropic mechanical behavior. To capture the presence of these two
distinct families of aligned and unaligned fibers, following our previouswork,
we write the overall strain energy of the matrixWECM as a summation of two
contributions:

Wb = μm
2

(I1 − 3) + Km

2
(J − 1)2, [1]

Wf = ∑3
a=1

f(λa). [2]

Here, Wb and Wf denote the strain energy density of the unaligned and
aligned fibers, respectively; Km and μm denote the bulk and shear moduli of
the unaligned fibers, respectively. λ1, λ2, and λ3 are the stretches in the three

principal directions. I1 and J are defined as follows:

J = det(Fij), [3]

I1 = (λ21 + λ22 + λ23)/J2=3, [4]

where Fij is the deformation gradient tensor. The strain energy density
function f(λa) is defined by the following:

∂f
∂λa

=

⎧⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎨⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎪⎩

0, λa<λl

Ef (λa − λl
λu − λl

)n(λa − λl)
n + 1

, λl ≤ λa<λu

Ef[λu − λl
n + 1

+ (1 + λa − λu)m+1 − 1
m + 1

], λa ≥ λu,

[5]

where Ef , n, and m are material properties characterizing the stiffening
behavior in response to tensile stresses. In this study, we let
λl = λc − (λc − 1)=8 and λu = λc + (λc − 1)=8, where λc is the critical stretch
corresponding to the onset of the strain-stiffening. Similar to the strain
energy, the total stress σij can be divided into the unaligned fiber response

σbij and aligned fiber response σfij,

σij = σbij + σfij , [6]

which can be calculated from Eqs. 1, 2, and 5,

σbij = Km(J − 1)δij + μm(Bij − 1
3Bkkδij)

J5=3
, [7]

σfij = 1
J
∑3
a=1

∂f
∂λa

λana
i n

a
j . [8]

Here, n1,n2,n3 are the unit vectors along the three principal directions, and
B is the left Cauchy–Green tensor, defined as follows:pt

Bij = FikFjk . [9]

Chemomechanical feedback model for cell contractility. Following our previous
work (47), we model the cells using a combination of passive mechanical and
active chemomechanical components (Fig. 3). The passive component rep-
resents the elasticity of the cytoskeleton, while the active component rep-
resents the contractile forces generated by phosphorylated myosin motors.
The stress in the cell can be related to the strain using the strain such that

σij = (ρ0 + K«kk)δij + 2μ(«ij − 1
3
«kkδij). [10]

Here, σij and «ij denote the stress and strain tensor. ρ0, K, and μ are three
parameters, which can be calculated by the following:
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ρ0 = βρ0
β − αv

, K = 3Kβ − 1
3(β − αv), μ = 2μβ − 1

2(β − αd). [11]

In the above equations, ρ0 denotes the myosin motor density when the cell is
in a stress-free quiescent state, K and μ denote the bulk modulus and shear
modulus of the cell, β denotes the chemical stiffness, and αv and αd denote
the volumetric and deviatoric chemomechanical feedback parameters. The
parameters β and α are related to the molecular mechanisms that regulate
the engagement of motors and stress-dependent signaling pathways. When
the chemical stiffness β is small, αv and αd are large, the cell can recruit more
myosin motors in response to the same level of external stress. The con-
tractility tensor can be calculated as follows:

ρij = σij − (K«kkδij + 2μ(«ij − 1
3
«kkδij)). [12]

The total free energy of the system can be calculated by the following:

Utotal = Ucell + Umatrix + Uinterface. [13]

In addition,

Ucell + Umatrix = ∫∫∫
⎛⎜⎜⎜⎜⎜⎜⎝K
2
(«kk)2 + μ~«ij~«ij − 1

3
∫ «kk
0 σkkd«kk − ∫ ~«ij

0 ~σijd~«ij


                                          + β

6
(ρkk − 3ρ0)2 + β

2
~ρij~ρij − 1

3
∫ ρkk
0 αvσkkdρkk − ∫ ~ρij

0 αd~σijd~ρij

                                          + 1
3
ρkk«kk + ~ρij~«ij)dVcell +∫∫∫WECMdVmatrix .

[14]

Here, ~ρij, ~«ij and ~σij represent the deviatoric part of the contractility, strain,
and stress tensors. Vmatrix and Vcell denote the volume of matrix and cell,
respectively. The cell–matrix free energy can be calculated by the following:

Uinterface = γS, [15]

where S is the surface area of the ellipsoid cell and γ is the cell–matrix in-
terface energy density.
Table of the parameters. See Table 2.

Shear Modulus Analysis of 3D Collagen Matrix. Rheological experiments were
performed on a DHR3 rheometer (TA Instruments) with built-in temperature
and gab calibration. A 20-mm top- and bottom-plate geometry with a gap

of 500 μm was used to measure the stress of the different collagen gels as a
function of strain. To prevent handling-mediated defects in compliant col-
lagen gels, which potentially alter the mechanical properties of the gels,
collagen gels were fabricated in the rheometer. To prevent slippage of the
collagen gels during the measurements, a glass coverslip treated with pol-
yethylenimine followed by glutaraldehyde was glued to the bottom plate of
rheometer. Subsequently, a neutralized collagen solution was injected and
allowed to gel on the top of the coverslip. The collagen solution confined
between the two plates of the rheometer was sealed by mineral oil to
prevent evaporation and incubated for different durations at different
temperature as described in Materials and Methods. For stress–strain mea-
surements, we applied constant strains at a shear rate of 5.0 × 10−5 (1/s) until
stress reached a yield strength at which the curve levels off.

Statistical Analysis. Student’s t tests and ANOVA followed by Tukey’s post
hoc test were used to determine statistical difference between two condi-
tions and among multiple conditions, respectively. Two-sided testing was
performed for each analysis, and a P value less than 0.05 was considered
statistically significant. When necessary, the data were log transformed and
statistical analysis was performed based on the log-transformed data. All
tests were performed on Microsoft Excel and GraphPad Prism 5. Unless
otherwise noted, the mean ± SD is reported.

Data Availability. All data associated with the manuscript are provided within
the manuscript.
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